IntroDuctIon
Evaluation of zebrafish larval movement is a key component of the analysis of phenotypes resulting from genetic mutations 1 , gene knockdown approaches 2 , chemogenetic lesions 3 , and drugs 4 and toxins 5 that target nervous system development, structure or function. Abnormal motor responses can provide evidence regarding the functional importance of biochemical or cellular abnormalities. The demonstration of motor phenotypes can support the relevance of zebrafish neurological disease models to their corresponding human disorders. Furthermore, highthroughput assays of motor function have been proposed as a means to screen chemical libraries for compounds that have neuropharmacological actions 4, 6 or for novel chemical structures that rescue pathological phenotypes 7, 8 . Reliable and wellvalidated methods to evaluate larval motor function are central to these applications.
Motor function can be analyzed in multiple zebrafish simultaneously by acquiring video images showing larvae swimming in the wells of multiwell plates, and then analyzing the resulting video files with software tools that detect and quantify larval motion. Three basic approaches of increasing complexity (and computational intensity) have been reported for automated analysis of zebrafish movement from video recordings. Pixel quantification determines whether, in each region of interest (corresponding to the wells), the number of pixels whose value changes at each frame transition exceeds a threshold. This simple and robust form of motion detection enables analysis of motor activity patterns over time 9 . Larval tracking identifies, locates and assigns positional coordinates to a zebrafish in each region of interest, in each video frame. These data enable evaluation of positional preference and calculation of displacement, velocity and other kinetic parameters by determining how larval centroid coordinates change at frame transitions 8 . Kinematic analysis identifies anatomical landmarks on the zebrafish and then determines how their spatial relationships change in successive video frames. This allows measurement of trunk curvature, tail-beating frequency and other details of individual movements, and it has been used to distinguish turning and propulsive movements 10 . Here we describe a method for carrying out pixel quantification and larval tracking.
Development of the protocol
LSRtrack is an open-source MATLAB function that we developed for automated neurobehavioral phenotyping of zebrafish neurological disease models 11 . The software was designed to provide a reliable tracking algorithm, although the most recent version also includes a pixel quantification function. The tracking algorithm of LSRtrack has been validated extensively, by verifying its performance over many hours of video recording, and also by using controls such as tricaine-immobilized animals to determine signal-to-noise ratio (SNR) characteristics over many millions of frame transitions 11 . The software includes automated error-reporting tools, which ensure that the user can reject wells from analysis if predetermined criteria are not met for tracking accuracy. The interface of LSRtrack provides tools for live adjustment of tracking and pixel quantification thresholds, with a video stream showing real-time performance facilitating straightforward empiric optimization.
After initial development and validation of this method, we used LSRtrack to analyze motor responses of larval zebrafish after exposure to the dopaminergic neurotoxin MPP + and the dopamine receptor drugs haloperidol, chlorpromazine, ropinirole and apomorphine 8 . We have also used LSRtrack to investigate the role of endogenous zebrafish tor1, the homolog of the human TOR1A dystonia gene, during early motor development 12 . The current protocol, which was developed in the context of feedback from other research groups implementing LSRtrack in their work,
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has been extensively tested and should enable experimenters to implement this method with minimal difficulty.
Applications of the protocol Video tracking with
LSRtrack can be used to analyze a broad array of phenotypes resulting from diverse biological manipulations. The examples below demonstrate the measurement of spontaneous motor activity 8 and responses to changes in ambient illumination 10, 13 . However, responses to other environmental cues or sensory stimuli could be analyzed by using this method, provided that the stimulus provokes a change in propulsive movement or positional preference and the response can be elicited in multiwell plates. The video-tracking algorithm of LSRtrack generates data matrices that include information about zebrafish location and displacement at frame transitions. These data can be further analyzed in numerous ways to yield information about individual movement events, cumulative motor performance or patterns of motor activity. The tools provided in LSRanalyze automatically calculate many commonly measured parameters. However, additional custom algorithms are straightforward to design and execute in MATLAB, so that a wide range of indices can be analyzed. Applications of this approach include characterization of neurobehavioral phenotypes resulting from gene mutations, transgene expression, morpholino gene targeting, chemogenetic lesions, toxin exposure and pharmacological manipulations, with assays encompassing both spontaneous and evoked behaviors. The multiwell format for which the method was optimized is also amenable to discovery-driven approaches, such as chemical modifier or genetic screens.
Comparison with other methods
Several proprietary software packages and hardware and software solutions are available for measuring zebrafish larval movement in multiwell plates by using similar centroid tracking and pixel quantification approaches as those in LSRtrack. The principal advantages of using commercial packages, which include the popular Zebralab (Viewpoint Life Sciences) and Ethovision (Noldus Information Technology) applications, are that (i) the software is designed to work with standardized hardware that is provided by the same vendor, so that initial setup is straightforward; (ii) a live video stream can be analyzed in real time, so it is unnecessary to make a video recording and then analyze it offline, potentially increasing experimental throughput; and (iii) these applications are compatible with a broad range of plate formats, as well alignment is carried out manually.
LSRtrack presents other possible advantages. First, LSRtrack is freely available and can run on any computer (Windows, Mac OS or Linux) running MATLAB; also, the source code is published and can be modified or adapted for new applications. Second, experimental data are written directly into MATLAB matrices, facilitating subsequent analysis using MATLAB tools for manipulating large data sets, or custom scripts using the highlevel MATLAB programming language (LSRanalyze, an opensource MATLAB application that was designed to analyze data archives written by LSRtrack, is an example) 11 . Third, provided that specific standards are met for the video recording, LSRtrack can be used to analyze zebrafish larval movement regardless of the experimental hardware. This flexibility means that data can be acquired by using a simple camcorder or more complex equipment (for example, a high-speed camera to capture details of individual movements, or an infrared (IR) camera with an IR illumination source to enable visible illumination to be controlled independently). Finally, LSRtrack has inbuilt tools for automated well detection and alignment, tracking optimization and error reporting. These tools are powerful and easy to use, ensuring that reliable data can be generated under a wide range of experimental conditions.
Other published software applications enable researchers to perform kinematic analysis of high frame-rate recordings 10, 14 , or high spatial resolution analysis of position and orientation in low frame-rate recordings 15 . It would be necessary to use one of these methods instead of LSRtrack to detect abnormalities of trunk curvature angle or trunk bending frequency, or to detect a response characterized by changes in larval orientation. A recent review article provides a detailed overview of the theoretical basis for videographic analysis of zebrafish motor function and the currently available algorithms 16 .
In summary, for characterization of motor activity patterns and measurement of displacement, velocity and duration of movement and rest events, LSRtrack might be considered when validation, hardware and platform flexibility, access to source code and cost are key considerations, whereas proprietary packages offer comparatively rapid setup, increased plate format flexibility and advantages in throughput, especially for assays with a prolonged time course. To measure details of individual movements such as trunk curvature, or to determine larval orientation, a different program should be selected according to the details of the proposed assay 10, 14, 15, 17 .
Experimental design
The experiment is carried out in four phases: (i) video capture; (ii) video analysis; (iii) data analysis; and (iv) validation (Fig. 1) . Video capture is the most crucial stage. The objective is to generate a video recording showing zebrafish larvae swimming in the trans-illuminated wells of a multiwell plate. The video recording must meet the criteria shown in Box 1 in order to be analyzed with LSRtrack. This can be accomplished in practice through a variety of experimental arrangements, for example, by positioning the camera below (inverted configuration; Fig. 2a ) or above (upright configuration; Fig. 2b ) the plate, and by using IR (Fig. 2a) or visible (Fig. 2b) back-illumination. Video analysis is carried out offline with LSRtrack, and the resulting data are written into a series of MATLAB matrices that can be further analyzed to compare motor function of different experimental groups or responses to different stimuli. A second MATLAB function, LSRanalyze, automates the most common types of analysis and draws data figures.
Details of the experimental design vary according to the neurobehavioral response being studied and the aim of the experiment. However, some general points apply to many types of assays implementing this protocol. First, after setting up new equipment or changing any aspect of the apparatus or data acquisition, it is advis able to run an experiment comparing control zebrafish with tricaine-immobilized larvae, to establish that larval movement is being measured and not pixel noise or another artifact (see 'Validation' below). Second, as spontaneous behavior and responses to stimuli can vary quantitatively between experimental sessions, it is desirable to include all experimental groups and controls in a single plate, and to run replicate experiments on different days to ensure that differences between groups are reproducible. Appropriate controls can be included in the experiment by using 96-well plates, which can accommodate multiple groups of larvae, each of adequate size to ensure sufficient statistical power to detect differences between groups. For example, a transgenic line can be tested by including transgenic larvae, nontransgenic siblings from the same clutch and age-matched wild-type larvae; an assay to test neurobehavioral effects of a drug or toxin can include no-compound controls, different concentrations of test compound and control compounds with known actions. Finally, in many cases, the length of an assay is determined by the type of response being elicited; for example, acoustic startle responses can be measured in <1 s (ref. 17) , whereas evaluation of circadian variations in motor activity requires prolonged recordings over days 9 . To evaluate spontaneous motor function in white light, 1 h of stable recording (see below) is sufficient to obtain reliable measurements of basic kinetic parameters such as distance, velocity and movement duration.
Limitations
LSRtrack was developed and optimized for high-throughput assays; its principal limitation is the requirement to use multiwell plates with a restricted set of specifications (Box 1). Only multiwell plates that satisfy these specifications are compatible with the automated plate recognition and well alignment functions of LSRtrack. These functions make it unnecessary to draw regions of interest around each well, which can be a laborious task for 96-well plates. Automated positional recalibration also ensures that tracking accuracy is maintained during prolonged recordings. In addition, the plate format and well size is used by LSRanalyze to calculate a pixel:mm scaling factor, which enables calculation of distances in mm during data analysis steps of the protocol, regardless of image magnification. However, if the plate restrictions are problematic for a particular application, the source code of LSRtrack is provided and could be modified to accommodate a different format. Alternatively, a different software application could be used (see 'Comparison with other methods' above).
LSRtrack can only analyze a single animal within a region of interest; this limitation is shared with most other tracking algorithms. The detection of more than one larval object within a well generates a 'too many objects' error for an individual frame (the cumulative error report at the end of the assay is used as a quality control measure to ensure that a single larval object has been tracked throughout the assay in each well). However, the (2) the resulting recordings are analyzed by using LSRtrack to locate zebrafish in each well, in every video frame (tracking) and to determine the sum of pixel value changes in each well at each frame transition (quantification); (3) the data matrices generated by LSRtrack are analyzed with MATLAB functions, such as LSRanalyze; and (4) the method is validated by measuring the motor activity of control and anesthetized zebrafish. Scale: each well is 6.35 mm in diameter.
Box 1 | Properties of video files that can be analyzed using LSRtrack
• The video file is a format that can be read by MATLAB (a list of supported formats is available at http://www.mathworks.com/help/ matlab/).
• Dark zebrafish are shown on a light background.
• The wells are the only light-colored areas in the image; the spaces between the wells and around the edge of the plate are dark.
• The wells are round and the number of wells is in the set {3 × 2 n }, where n is a positive integer (this includes most common formats such as 6-, 12-, 24-, 48-and 96-well plates).
• Illumination is flat (the pixel value of a light area in the center of the image is close to the pixel value of a similar area at the edge of the image).
• The camera is sufficiently far from the plate, or the wells are sufficiently shallow, that the walls of the well are not visible.
activity of multiple larvae within each well can be measured by pixel quantification instead of tracking 2 , as the quantification approach does not rely on identification of discrete larval objects. In this case, the centroid tracking function could potentially be removed from LSRtrack to make the program run faster. Finally, LSRtrack only reports displacement of larvae in the plane of the plate, and it is insensitive to the depth at which the larvae are swimming in the wells. Relatively little has been published regarding this aspect of larval zebrafish behavior, and the importance of this limitation is unclear at present. however, the method is compatible with a wide range of simple and more complex equipment. For measurement of displacement, or pixel quantification, equipment capable of a minimum resolution of 600 × 800 pixels at 2-8 frames per second (f.p.s.) is adequate for 96-well plates, although higher resolutions improve the SNR. For measurement of peak velocity or acceleration, a higher frame rate is necessary. High frame rates generally require better pixel resolution to enable movements to be adequately distinguished from pixel noise 8 . At the magnification used to record a 96-well plate, 1,280 × 1,024 pixels at 60 f.p.s. is adequate for basic measurements of velocity and duration of individual movement events Camera support. We use a copy stand (Kaiser RS2XA, no. 205411, B&H), although a small tripod or custom bracket works equally effectively Illumination source  crItIcal Illumination must be completely flat across the video frame for LSRtrack to work effectively. We use a highquality IR backlight (no. BL812-880, Spectrum Illumination) supported on a custom-made holder to allow inverted videography ( Fig. 2a and Supplementary Methods). However, inexpensive equipment, such as a medical X-ray illumination box, works effectively, as long as illumination is even Multiwell plates. We use plates with optical glass bottoms (Costar, cat. no. 3720; Corning)  crItIcal The plates must have round wells
• separated by opaque/black areas, and the number of wells must be in the set {3×2 n }, where n is a positive integer (see 'Limitations' section and Box 1).
Plates with clear regions separating the wells can be used if a mask is applied to the bottom of the plate to ensure that only the wells appear light. This can be accomplished by printing a full-size plate map with shaded inter-well areas on transparency film and by applying it to the underside of the plate. Alternatively, the video can be processed to apply a mask digitally, before tracking. EQUIPMENT SETUP Camera and illumination The quality of video images can be improved by housing the camera beneath the 96-well plate, which is trans-illuminated from above; the images are then acquired through the optical glass bottom of the plate rather than through the buffer meniscus. The data shown below were acquired by using this configuration with an IR backlight (Fig. 2a) . However, in some situations, it may be easier to house the camera above the plate with the light source below (Fig. 2b) . In this upright configuration, care must be taken to ensure that the light source does not cause substantial heating of the plate during the assay. Location The experiment should be shielded from extraneous stimuli, such as moving visual stimuli, changes in ambient illumination, noise and mechanical stimuli, as these will evoke responses in the zebrafish larvae that add to variability and may mask differences between experimental groups or responses to experimental stimuli. We house the apparatus inside a low-temperature incubator kept at 28.5 °C to ensure that the temperature is stable throughout the experiment and to allow manipulation of ambient illumination within the incubator. To prevent exposure of the zebrafish to unintended stimuli, we also carry out experiments in a quiet room with restricted access. Figures 3-8 , a light box containing white-light LEDs (color temperature 5,500K) was positioned at the bottom of the incubator and adjusted so that the 96-well plate was illuminated at an intensity of 200 Lux. The light box was controlled by a USB relay to allow independent control of illumination during the experiment.
Optional control of ambient illumination In the examples shown in
proceDure loading zebrafish larvae into a multiwell plate • tIMInG 20-30 min 1| Rinse the larvae in the Petri dish by changing the E3 buffer (pH 7.4) two or three times. Ensure that the buffer in the Petri dish is free of debris after rinsing.  crItIcal step Avoid debris in the wells, as this can interfere with tracking.
2|
Add three drops of E3 buffer (pH 7.4) into each well of a 96-well plate with a 10-ml serological pipette. Use an eyelash to remove bubbles from the walls and base of each well, using a dissecting microscope for visualization.  crItIcal step Avoid bubbles in the wells, as they can interfere with tracking.
3|
Transfer one zebrafish larva into each well, by using a Pasteur pipette with a flame-polished aperture, taking great care not to damage the larva. Transfer as little buffer as possible from the Petri dish to the 96-well plate. It is generally a good idea to determine in advance how the experimental groups will be positioned within the plate. LSRtrack numbers wells in the video image starting top left and progressing down each column of wells in turn, left to right; remember that the positions of the wells are inverted if the video is recorded from below.  crItIcal step Make an accurate record of which larvae are in which wells. For example, the range of well numbers housing each experimental group (e.g., transgene, mutant, control, drug concentration and so on) should be noted.
? trouBlesHootInG
4|
After loading the zebrafish, fill each well with fresh E3 buffer (pH 7.4) such that there is a slightly convex meniscus at the top of the well.
5|
Place the plate in the 28.5 °C incubator.
recording setup • tIMInG 10-15 min plus recording time 6| Turn on the illumination source and camera; connect the camera to the computer; allow the illumination source to reach stable intensity if appropriate.
7|
Launch FlyCapture2 and open 'camera settings' . Alternatively, exposure settings and focus can be adjusted either with the equivalent settings dialog in another video capture application, or with camcorder controls that allow manual adjustment of exposure, frame rate and focus.
8| Set the desired frame rate. Simple recordings of motor activity patterns require a frame rate of 2-8 f.p.s. Higher frame rates are required for measurement of velocity or acceleration, but the resulting video files are larger and take longer to analyze. Higher-frame-rate recordings also contain more frame transitions that contribute to stochastic pixel noise.
9|
Adjust the plate and camera position so that the camera is directly below the center of the plate, the optical axis is perpendicular to the plate and the video frame is filled by the wells. Ensure that all the wells fit completely within the frame. The wells should be the only light-colored areas visible within the frame.
10|
Focus the camera carefully on the larvae at maximum aperture (minimum f number). Centroid displacements at frame transitions were used to estimate instantaneous velocities in a video segment captured at 60 fps. The histogram relates the distribution of instantaneous velocity measurements to the total displacement at each velocity over the course of the assay. Large displacements were registered infrequently and contributed relatively little to total displacement over the course of the assay; in contrast, small displacements were much more frequent and accounted for the majority of movement. (f) Mean velocity was calculated for 48 control larvae and 48 tricaine-immobilized larvae over 60 min of spontaneous movement in white light. Error bars show s.e.m. The SNR for the assay, was >700 in this experiment. Values are typically >500 for high-resolution, low-frame-rate video recordings with optimal illumination. Approval to conduct these experiments was obtained from the University of Pittsburgh Institutional Animal Care and Use Committee.
11|
Adjust the buffer volume if any of the wells show meniscus shadow artifacts during framing and focusing in Steps 9 and 10.
12| Check the exposure settings. In FlyCapture2, exposure adjustments are made with the assistance of the 'histogram' tool.
Recommended pixel values for different parts of the image are as follows: the black areas around the wells, <30; the white areas within the wells, 220-250; and the darkest parts of the zebrafish, 60-100. Use the lens aperture and camera shutter speed controls to ensure that these values are within the desired ranges. If an application other than FlyCapture is used for video capture, pixel values can be checked in ImageJ or equivalent image processing software offline.  crItIcal step Correct exposure settings greatly enhance the performance of LSRtrack.  crItIcal step Flat illumination is essential for LSRtrack to perform well. All parts of each well (which appear white) should have similar pixel values in both the center and the edges of the video frame. ? trouBlesHootInG 13| (Optional) As evaporation can alter the buffer volume, potentially generating meniscus artifacts that interfere with tracking, we recommend housing the plate in a moist chamber when acquiring prolonged recordings. Substantial evaporation could also reduce the temperature of the buffer, which would, in turn, alter behavior.
14|
Allow the larvae to habituate to the experimental conditions. If the recording is carried out under visible light illumination, a 30-min habituation period is usually adequate. If independent control of visible illumination is available through the use of IR videography, cycling light and dark conditions for 30 min (light on (5 min), light off (5 min), light on (5 min), light off (5 min) and light on (10 min)) usually results in more stable results.  crItIcal step Failure to allow larvae to habituate to the experimental conditions increases the variability of responses and may make detection of small differences between experimental groups impossible. 
15|
Choose an output file location and name, and a video format, in the video capture application. Data management is an important consideration; we use a file naming convention that includes the initials of the person carrying out the experiment, a reference to a lab book and page, and the date. Video compression can be used to minimize the file size without substantially affecting tracking results. We have found that H.264/AVC compression works well with LSRtrack.
It is important to note that some compression algorithms are incompatible with the pixel quantification function in LSRtrack because they generate significant artifacts.
16| Start video recording.
17| (Optional) Start the script running the USB relay to control the visible light for the experiment.
analyzing the video recording • tIMInG variable 18| (Optional) If necessary, transfer the video file to the computer that will be used for analysis by using LSRtrack, for example, if video capture and analysis are carried out using computers that run different operating systems.
19|
Open MATLAB, navigate to the LSRtrack folder in the MATLAB browser window and enter the following command:
>> LSRtrack <enter>
This launches the LSRtrack user interface ( Fig. 3 ; components of the interface are numbered '1-18' in the figure, corresponding to 'items 1-18' in the text below). 
Box 2 | Summary of adjustable thresholds in LSRtrack
• Smallest well threshold (pixels). This sets the minimum area used to determine which lighter objects are wells; any object smaller than the threshold will not be counted as a well during initial plate alignment.
• Smallest fish threshold (pixels). The minimum size of a dark object within a well that is analyzed as a zebrafish larva. The value can be increased if small debris in the wells gives rise to 'too many objects' errors, or it can be reduced if there are a large number of 'no object' errors.
• Tracking contrast threshold. This parameter is set between 0 and 1 to specify the black/white threshold used to binarize the video image before zebrafish tracking. Decreasing the threshold makes the program analyze only darker pixels as part of the larval profile.
• Quantization threshold. Pixels whose grayscale value decreases at a frame transition by more than this amount are included in the pixel quantification calculation.
• Tracking area scale factor. The value is set between 0 and 1 to determine the proportion of the well area in which the program analyzes dark objects as zebrafish larvae.
• Minimum displacement (pixels). The displacement in larval location that must be exceeded for a movement to be registered at a frame transition. This simple noise filter discards small displacements in larval coordinates that are caused by pixel noise in the video recording.
• Alignment frequency (%). The percentage of frames in the recording after which the program runs the automated well detection and alignment function. For example, a value of 5% triggers realignment at 20 evenly spaced intervals over the recording.
20|
Click the 'browse' button (item 1) next to the 'file(s) to analyze' prompt and navigate to the video file from the experiment that will be analyzed. Click the 'Browse' button (item 2) next to the 'output directory' prompt and select the directory to which the MATLAB data matrices will be written.
21| Set starting values for the seven parameters in the 'thresholds' panel (item 3) to optimize tracking accuracy (Box 2).
For recordings meeting the exposure and illumination criteria described in Steps 6-12 and Box 1, the default values are usually adequate. Optimal settings enhance performance and SNR characteristics; these settings can be determined empirically, as described in Step 23 below.  crItIcal step Adjustments to these parameters do not compensate for defects in the illumination, focus or framing of video recordings in Steps 9-12.
22| Press 'GO!' (item 11). The program starts by detecting the wells in the first frame of the video and then displays an image of the plate in the panel below the 'GO!' button (item 12). The wells are assigned numbers that correspond to the data in the output files. Well realignment can be manually triggered during the recording by clicking in the 'tracking area scale factor' box (item 8) and pressing 'Enter' . Re-alignment can improve tracking performance if there is movement of the plate or camera early in the experiment, or if the initial plate alignment appears suboptimal in the tracking window. ? trouBlesHootInG 23| Check the 'watch' box (item 13) and select the 'tracking' option (item 15). Live tracking performance is shown in individual wells in the panel below (item 17). The outline of the well is colored red, the zebrafish is colored blue and the larval centroid location is shown by a circle (item 18), which is colored green when the zebrafish is moving and red when it is stationary (Fig. 4a,b) . The well that is shown is specified by the number in the box on the right (item 16). Scan through the wells by clicking the up and down buttons, to ensure that the tracking algorithm is performing appropriately.  crItIcal step It is important to check wells at the center, edges and corners of the plate to ensure that tracking is proceeding correctly. For each well, check that there is a single zebrafish that is recognized by the software and colored blue; the walls of the well are recognized correctly by the software and colored red; and the centroid locator (item 18) is over the zebrafish (usually just caudal to the eyes) and changes from red to green when the zebrafish moves.
? trouBlesHootInG The well outline is colored black, and each pixel within the well is colored according to the amount by which its value decreased (i.e., the amount by which it became darker) from the previous frame, by using a grayscale from white (no change) to black (-255). Changes of pixel value that are less than the 'quantification threshold' are not shown or included in analysis. Adjust the 'quantification threshold' (item 7) to a level at which the only pixels that appear as gray or black in the tracking window are within the larval outline during larval movement.
25|
Once the best thresholds have been determined, uncheck the 'watch' box (item 13), which will enable the algorithm to run faster, and leave the program to complete tracking. If a large proportion of the recording was spent adjusting thresholds, it is best to restart tracking at this point with the optimized settings.
Box 3 | Optional graphical outputs from LSRanalyze
• Tracking errors and thresholds. Histograms showing total tracking errors, 'no object errors' and 'too many objects' errors for each well. Wells discarded from analysis by exceeding 'tracking error well rejection threshold' (or empty well threshold) are shown in red (Fig. 7) .
• Individual velocity/time color map. Graph showing each individual well (y axis) against time (x axis). Each successive frame transition is shaded according to the displacement of the larval centroid (Fig. 6d) .
• Group mean velocity/time. Mean centroid displacement at each frame transition is shown for each experimental group (Fig. 8) .
• Group p(movement)/time (tracking). The proportion of larvae whose centroid coordinates were displaced by an amount exceeding 'minimum displacement' is shown at each frame transition for each experimental group.
• Group mean quantification/time. Mean pixel quantification is shown at each frame transition for each experimental group.
• Group p(movement)/time (quant). The proportion of wells whose pixel quantification was greater than zero is shown at each frame transition for each experimental group.
• Velocity/distance histograms: Histograms show total centroid displacement during recording (y axis) in each instantaneous velocity bin (x axis; calculated from the distribution of centroid displacements at each frame transition) for each experimental group (Fig. 6e) .
• Plate maps. Plate images; each well is shaded according to mean velocity, active velocity or % frame transitions showing displacement, over the entire recording (Fig. 6c) .
• Positional heat map. Plate image; each pixel is shaded according to the proportion of frames a larval centroid occupied the relevant coordinates over entire recording (Fig. 6b) .
• Vectors for frames [a:b] . Plate image; the position of each larval centroid is plotted over the range of video frames specified by a and b (Fig. 6a) . 28| Navigate to the folder containing LSRanalyze by using the MATLAB interface, and enter the following command:
>> LSRanalyze <enter>
This command opens the LSRanalyze interface ( Fig. 5 ; components of the interface are numbered '1-7' in the figure, corresponding to 'items 1-7' in the text below).
29|
Click the 'browse' button (item 1) next to the 'file(s) to analyze' prompt and navigate to the .mat archive from the experiment that will be analyzed. Click the 'browse' button (item 2) next to the 'output directory' prompt, and select the directory to which the summary spreadsheet will be written.
30|
Specify which wells will be included in analysis, in the 'wells to analyze' box (item 3). Results can be analyzed by individual larvae or in experimental groups (if groups are selected, the program outputs both group and individual data). 31| (Optional) By default, any well with >5% 'no object' errors is deemed to be empty and excluded from analysis. In addition, the 'tracking error well rejection threshold' (item 4) can be set to exclude wells with total tracking errors ('no object' errors + 'too many objects' errors) exceeding a user-defined proportion of frames. Depending on the application, use this option to adjust the quality control criteria for performance of the tracking function. Validation • tIMInG 2-3 h  crItIcal Once the hardware and software components are running smoothly, it is necessary to conduct a validation experiment to ensure that the method measures zebrafish movement, and not apparent displacements in larval centroid location caused by pixel noise or other artifacts in the video recording or analysis. We recommend analyzing the movements of untreated control larvae in comparison with tricaine-immobilized larvae to confirm that the method reports larval movement and to enable calculation of the SNR for the experimental conditions.
35|
Carry out Steps 1-34 by using 48 control larvae and 48 larvae that are immobilized with tricaine. For tricaine treatment, replace E3 buffer with 0.04% (wt/vol) tricaine in E3 in the last rinse of Step 1, and leave the larvae in 0.04% (wt/vol) tricaine when they are transferred to the 96-well plate. Use the method shown in the ANTICIPATED RESULTS section to determine the SNR for the experimental configuration and thresholds used. Once hardware components and software settings are set up to ensure reliable tracking and optimal SNR, the protocol can be substantially shortened by using the same hardware configuration and exposure settings for each experiment, and changing the default tracking values in the source code. (Fig. 4d) Well edge artifact See troubleshooting advice for Step 10 Try realigning the wells by clicking in the 'tracking area scale factor' box (item 8 in Fig. 3 ) and pressing 'Enter' 'Tracking area scale factor' is too high Try reducing the 'tracking area scale factor'(item 8 in Fig. 3 )
Tracking contrast threshold' is too high
Try reducing the 'tracking contrast threshold' (item 6 in Fig. 3 ) if well edge artifact is brighter than the zebrafish A zebrafish is not visible in the well or only partially visible, and the centroid locator is not over the zebrafish (Fig. 4e) Empty well Check the experimental record to determine whether the well was empty or contained a zebrafish (continued) 'Disappearing fish' artifact can be minimized by increasing the distance between camera and the plate or using shallower wells Examine error reporting; it may be necessary to discard a well from analysis if 'no object' errors are very prominent A zebrafish is visible in the well but the centroid marker is not over zebrafish (Fig. 4f,g) 'Smallest fish threshold' is too high Try reducing 'smallest fish threshold' (item 5 in Fig. 3 )
Tracking contrast threshold' is too high or too low
Try adjusting 'tracking contrast threshold' (item 6 in Fig. 3 )
Multiple objects in a well are colored blue; the centroid marker is over the zebrafish (Fig. 4h,j) Presence of debris, bubbles or other well artifact
Try increasing 'smallest fish threshold' (item 5 in Fig. 3 ) or increasing 'tracking contrast threshold' (item 6 in Fig. 3) . If a smaller nonzebrafish object remains blue, data from the well may still be accurate if the centroid marker remains over the zebrafish throughout the assay Multiple objects in a well are colored blue; the centroid marker is not over the zebrafish (Fig. 4k) 
Presence of debris or other well artifacts
If there is an artifact larger than the zebrafish, the well should be excluded from analysis Part of the well appears blue (Fig. 4l) Uneven illumination or mark on the underside of plate; 'tracking contrast factor' is too high Try reducing the 'tracking contrast factor'; always use clean plates and ensure that illumination is even throughout the plate Part of the zebrafish appears red (Fig. 4m) The 'tracking area scale factor' is too low Try increasing the 'tracking area scale factor' (item 8 in Fig. 3) Centroid marker is over the zebrafish; the color stays red when the zebrafish moves (Fig. 4n) The 'minimum displacement' threshold is too high Decrease the value of the 'minimum displacement' threshold (item 9 in Fig. 3) Centroid marker is over the zebrafish; color changes from red to green without the zebrafish moving (Fig. 4p) Pixel noise artifact is causing apparent centroid displacement Increase the value of the 'minimum displacement' threshold (item 9 in Fig. 3) 
33
High frequency of 'Too many objects' errors in tracking data Presence of debris or bubbles (Fig. 4h,j,k) More than one zebrafish in the well Well edge artifact, and tracking area scale factor is too high (Fig. 4d,l) Watch well while tracking; artifact may be eliminated by adjusting tracking thresholds depending on type. If the centroid marker is over the larva for duration of assay this error can be ignored, otherwise exclude the well from the analysis High frequency of 'no object' errors The well is empty Check experimental record to ensure that a zebrafish was present in the well Well edge artifact, such that the larva is not visible to camera (Fig. 4e) Well edge artifact may be minimized by moving the camera away from the plate. Increasing the 'tracking area scale factor' or reducing 'minimum fish size' can also mitigate this problem
The 'tracking contrast factor' is too high or too low (Fig. 4f,g ) Steps 27-34, analysis of data matrices: <5 min to run LSRanalyze to several hours or longer to design and execute custom MATLAB scripts
Step 35, validation: this entails running the entire protocol with control and anesthetized larvae and can generally be completed in 2-3 h
antIcIpateD results
LSRtrack writes data into a MATLAB archive comprising a series of matrices (table 1) that contain tracking data (coordinates in each frame, displacement at each frame transition and positional preference over the course of the assay); pixel quantification data; error reports; information about scaling and well sizes; and video frame rates. The data in these matrices can be analyzed in a large number of different ways to ask specific questions about movements of the larvae during the experiment. LSRanalyze calculates commonly measured summary data, writes a spreadsheet containing summary indices (table 2) and generates a set of MATLAB figures to illustrate the data, assist in analysis and provide essential quality controls. Examples of typical data and quality control parameters output by LSRtrack and LSRanalyze are shown in Figures 6-8 . One key feature of LSRtrack is that a record is kept of all tracking errors (individual frames in which the algorithm detects 0 or >1 object in a well; Fig. 7) . For positional calculations, LSRtrack assigns the last known coordinates when there is a 'no object' error, and it assigns coordinates to the largest object when there is a 'too many objects' error. We previously showed by manual verification that, in most situations, these assignments do not introduce significant errors 11 . If the quality of videography is good and care was taken to minimize or eliminate well-edge artifacts (see TROUBLESHOOTING table), there are limited locations within a well where the zebrafish cannot be tracked; to remain undetected for an appreciable length of time, the animal is typically stationary. Conversely, when there is a 'too many objects' error, the largest object is most frequently the zebrafish (unless there are two larvae or an unusually large item of debris in the well). Consequently, even wells with a large number of reported tracking errors can often be used in analysis. However, for most experiments, it is reasonable to expect the tracking error rate to be below 5% in most wells.
Tricaine-immobilized controls can be used to verify that reported displacements are not caused by tracking errors or pixel noise; LSRtrack should ideally report little or no movement for tricaine-immobilized animals (small passive displacements of anesthetized larvae through mechanisms such as drift are removed by the 'minimal displacement' threshold). By analyzing The 'minimum displacement' threshold is too low Adjust the 'minimum displacement' threshold (item 9 in Fig. 3) Pixel resolution of the image is too low
Increase the pixel resolution of the camera
The video frame rate is too high Decrease the temporal resolution of the camera Tricaine-treated animals are not immobilized
Use fresh tricaine or increase its concentration
